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ABSTRACT: We investigate the effect of interfacial proper-
ties on the adhesion of bacteria at oil/water interfaces using
confocal microscopy. Surfactant-decorated dodecane droplets
of diameter 20−60 μm are generated using a coflow
microfluidic device, introduced into an aqueous saline
suspension of Marinobacter hydrocarbonoclasticus bacteria,
and imaged in 3-D over time. Using image analysis algorithms,
we determine the number of bacteria adhering at oil/water
interfaces over time in the presence of dioctyl sodium
succinate (DOSS), a component of the dispersant used in oil-spill recovery. The adsorption of bacteria at the oil/water
interface follows Langmuir first-order kinetics for all droplet sizes, with the greatest areal number density of bacteria adhered to
the smallest droplets. We vary the surfactant type [DOSS, dicyclohexyl sodium sulfosuccinate, dibutyl sodium sulfosuccinate,
cetyltrimethylammonium bromide, and Tween 20] and concentration and examine the effects on long-time adhesion of
bacteria. For a fixed droplet size, the areal density of bacteria at the interface decreases with increasing surfactant concentration
because of a reduction in oil/water interfacial tension that increases the free energy of adhesion of the bacterium.

■ INTRODUCTION

Dispersed hydrocarbons are widely found in marine environ-
ments, emerging naturally from oil seeps and as an unintended
consequence of petroleum extraction and transportation
processes.1 Thus, many marine bacteria can degrade hydro-
carbons.2−8 Indeed, the surprisingly rapid disappearance in the
2010 Deepwater Horizon spill is thought to be because of
bacterial biodegradation.9−11 The efficacy of biodegradation
depends, in part, on the bioavailability of dispersed oil to
bacteria. In a typical oil spill scenario, dispersants such as
COREXIT EC9500A that contain one or more surfactants12

are applied near the wellhead and on the water surface13 to
speed up biodegradation.14−17 Dispersants decrease the
interfacial tension (IFT) between the oil and water phases,
reducing the Gibbs free energy18,19 and leading to smaller
droplets. Dispersants thus increase the surface area per unit
volume and hence the bioavailability of the oil.7 Because
bacterial adhesion to the oil/water interface can promote
biodegradation, it is important to understand how surfactants
affect adhesion of bacteria at these interfaces.20−23

From a thermodynamic perspective, the surface energies of
bacteria and the two phases determine the extent of adhesion
to oil/water interfaces.24−26 Briefly, bacteria adhere to the oil/
water interface when the sum of the surface energies is lower
with the bacterium at the oil/water interfaces than it is with the
bacterium entirely in the aqueous phase.27,28 Surfactants
reduce the surface energy of liquid/liquid and bacteria/liquid
interfaces, depending on the length and branching of the
hydrocarbon chain and on the partitioning of surfactant
molecules between the bulk phase and the interface.29,30 The

curvature of the interface between oil droplets and water alters
the volume available to surfactant tails and thus modifies the
free energy of adsorption in the presence of surfactants,31

complicating predictions of the adsorption of bacteria to
curved oil/water interfaces.
Here, we investigate the effect of interfacial properties on

adhesion of hydrocarbon-degrading Marinobacter hydrocarbo-
noclasticus at oil/water interfaces. Using co-flow microfluidic
devices, we prepare monodispersed dodecane/water emulsions
with drop sizes of 20−60 μm, stabilized with various
surfactants. Using confocal microscopy and bacteria-tracking
algorithms, we first quantify the number of bacteria adhering at
the oil/water interface over time for drops stabilized by dioctyl
sodium sulfosuccinate (DOSS), a component of the
COREXIT dispersant used in oil spill remediation and used
in a variety of emulsification applications. Adhesion of bacteria
follows first-order Langmuir kinetics, with a time constant that
increases with the drop size. Surprisingly, the areal coverage of
bacteria on small 20 μm droplets is larger than that on larger
droplets. We subsequently examine the long-time adsorption
bacteria on interfaces stabilized by various surfactants,
comparing DOSS to two other anionic sodium sulfosuccinates
[dibutyl sodium sulfosuccinate (DBSS), dicyclohexyl sodium
sulfosuccinate (DCHSS)] as well as to two other surfactants
[cationic cetyltrimethylammonium bromide (CTAB), non-
ionic Tween 20)]. For all surfactants, increasing the surfactant
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concentration at a fixed droplet size reduces the IFT and
bacterial adhesion. The type and charge of the surfactant also
affect the extent of equilibrium adsorption, with fewer bacteria
adhering to anionic (DOSS, DCHSS) interfaces than to CTAB
or Tween 20-decorated interfaces at high normalized
surfactant concentrations. Our results suggest that the use of
surfactants may have competing effects on bacterial adhesion:
the increase in adhesion due to a decrease in the droplet size
contrasts with the reduction in adhesion because of the lower
oil/water IFT.

■ MATERIALS AND METHODS
Chemicals. Hydrogen peroxide 30% (Macron), sulfuric acid 98%

(EMD Millipore), potassium hydroxide (Sigma-Aldrich), methanol
(Sigma-Aldrich), acetic acid (EMD Millipore), 3-aminopropyl
trimethoxysilane (APTES, Gelest), biotin-mPEG (5000 Da, Thermo-
Fisher), biotin-PEG-SVA-5000 (5000 Da, ThermoFisher), sodium
bicarbonate (Sigma-Aldrich), dodecane (>99%, Sigma), DOSS
(≥97%, Sigma-Aldrich), DBSS (as received, Sigma-Aldrich),
DCHSS (≥98%, Sigma-Aldrich), CTAB (≥99%, Sigma-Aldrich),
Tween 20 (ThermoFisher), Zobell marine broth 2216 (HiMedia lab),
sodium pyruvate (Amresco), SYTO9 (ThermoFisher), Nile red
(Sigma-Aldrich), sodium chloride (Macron), diiodomethane (Sigma-
Aldrich), ethylene glycol (Sigma-Aldrich), acetone (BDH), and
ethanol (100%, Decon Labs) were used as received. The chemical
structures of the five surfactants are shown in Figure 1.

Co-flow Microfluidic Device Fabrication. To prepare aqueous
emulsions of dodecane with a controlled droplet size, we fabricated
co-flow glass capillary microfluidic devices. The device consisted of
two coaxially aligned glass capillaries,32,33 as shown in Figure 2a. The
square outer capillary (Vitrocom) had an outer diameter of 1 mm, an
inner diameter of 0.90 mm, and a length of 50 mm. The circular inner
capillary (Vitrocom) had an outer diameter of 0.87 mm and an inner
diameter of 0.70 mm. A dual-stage glass micropipette puller (PC-10,
Narishige) was used to generate tapered inner capillaries with a taper
length of ∼5 mm and an opening diameter of 5 μm. The outer
capillary was also pulled to create a constriction of the inner diameter
120−150 μm and length 10 mm near its midpoint. The inner capillary
was inserted within the outer capillary and aligned coaxially near the
constriction at the midpoint of the outer capillary. The inlet and
outlet were coupled to 18 gauge blunt needles (BD) by using UV
adhesive (NOA 68T, Norland), with a glass slide (75 mm × 50 mm,

Corning) as a supporting base. Tygon tubing (0.03″ ID, Cole-
Parmer) was used for all inlet and outlet connections.

Preparation of Oil-In-Water Emulsions. Monodisperse emul-
sions of dodecane in Milli-Q water (18.2 MΩ·cm) were prepared
using the co-flow microfluidic devices.32 Dodecane droplets were
stabilized in water using one of five surfactants: dioctyl sodium
sulfosuccinate (DOSS, at concentrations of 2−360 ppm in the
aqueous phase), DBSS (1300−130 000 ppm in the aqueous phase),
DCHSS (290−29 000 ppm in the aqueous phase), CTAB (2−80 ppm
in the aqueous phase), or Tween 20 (1.5−150 ppm in the aqueous
phase). The inner oil phase and the outer aqueous phase were
dispensed through two gas-tight Luer lock syringes (Hamilton; 2.5
mL inner, 100 mL outer) at constant flow rates by using two syringe
pumps: NE-1002X New Era for inner fluid, and Fusion 200 Chemix
for the outer fluid. The device was operated at outer flow rates of 50−
2000 μL min−1 and inner flow rates of 5−25 μL min−1. As-prepared
emulsions were stored at 4 °C in dark and used within one week.

Preparation of Glass Capillaries for Imaging. Thin rectangular
borosilicate capillaries (0.1 mm height × 1 mm width × 50 mm
length, 0.07 mm wall thickness, Vitrocom) were used as sample
chambers in imaging experiments. To minimize adhesion of bacteria
and prevent wetting of oil droplets, the inner capillary surface was
functionalized with polyethylene glycol (PEG) brushes. To prepare
the surface for functionalization, capillaries were cleaned with water
and acetone, and subsequently treated with 1 M KOH solution and
with piranha solution; subsequently, the cleaned capillary was
functionalized with APTES and then with PEG (5000 Da).35 The
water contact angle measured on a PEGylated glass slide was 32 ± 2°
for three replicates.

Bacteria Strain. M. hydrocarbonoclasticus is an extremely
halotolerant marine bacterium that is able to degrade both cyclic-
and noncyclic alkanes,36 and increases in abundance in both marine
environments37 and in beach sands4 after an oil spill. M. hydro-
carbonoclasticus (ATCC 49840) was obtained from Dr. Douglas
Bartlett (Scripps Institute of Oceanography, UCSD). The strain was
stored in Zobell marine broth 2216 (Difco)/50% glycerol at −70 °C.

Figure 1. Molecular structure of surfactants used in this study.

Figure 2. (a) Schematic of the glass-based co-flow microfluidic device
used to prepare monodisperse dodecane-in-water emulsions. (b)
Brightfield micrographs of monodisperse dodecane-in-water emul-
sions, stabilized by DOSS at 35 ppm, with drop diameters of 72, 50,
40, and 31 μm, obtained at outer fluid flow rates of 500, 1000, 1500,
and 3000 μL min−1, respectively. Scale bar is 100 μm. (c) Normalized
droplet size (Dd/Dc) as a function of inner to outer fluid flow rate
(Qi/Qo). Drop size (Dd) is normalized by the inner diameter of the
outer capillary (Dc) measured near the tip location of the inner
capillary. Dashed line indicates the fit to eq 1 [ref 34]. Error bars
indicate the standard deviation of droplet diameters in a single
micrograph, confirming that the emulsions are monodisperse.
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M. hydrocarbonoclasticus, 2−3 μm in length and 0.3−0.6 μm in
diameter, is motile in synthetic medium supplemented with NaCl at
concentrations of 0.6−1.0 M;36 we confirmed visually, using optical
microscopy, that this strain was not motile in the conditions of this
study.
Growth Conditions. M. hydrocarbonoclasticus was streaked from a

frozen stock on a marine agar plate (37.4 g L−1 marine broth, 10 g L−1

sodium pyruvate, 15 g L−1 agar) and incubated at 30 °C for 48 h. A
single colony selected from the plate was inoculated into 20 mL of
culture media (37.4 g L−1 marine broth and 10 g L−1 pyruvate) and
incubated for 20 h in an orbital incubator shaker (New Brunswick
Scientific) at 200 rpm and 30 °C. Finally, a subculture was prepared
by inoculating 75 μL of the principal culture into 20 mL of culture
media and grown to a late exponential phase in an orbital incubator
shaker at 30 °C and 200 rpm for 20 h.
Zeta Potential and Surface Energy. For surface character-

ization, M. hydrocarbonoclasticus cells were grown to the late
exponential phase. Bacteria samples (20 mL) were centrifuged at
5000g for 10 min in a Sorvall ST 16 Centrifuge (Thermo Fisher
Scientific). The supernatant solution was removed and the pellet was
twice resuspended in 20 mL Milli-Q water and centrifuged for
cleaning. After cleaning, the pellet was resuspended in Milli-Q water.
The final optical density (OD) was adjusted to 0.04 (Laxco DSM-
Micro Cell Density Meter, 600 nm) with Milli-Q water.
The zeta potential of the bacteria, measured using a Nicomp 380 ζ-

potential analyzer, was −45 ± 3 mV (Table S1). The zeta potential of
the bacteria did not markedly change in the presence of surfactants
(Table S2). For measurements of the surface energy, the resuspended
bacteria sample (OD 1.0) in Milli-Q water was filtered through
cellulose acetate membrane filters (pore diameter 0.45 μm, Advantec)
under vacuum (100 mm Hg below atmospheric pressure) using a
GEM 8890 vacuum pump (Welch).27,38,39 The filters were attached to
glass slides (75 mm × 50 mm) using dental wax (Electron
Microscopy Sciences) to ensure that the surface remained flat. The
contact angles for three liquids (Milli-Q water, ethylene glycol, and
diiodomethane) were measured on the lawns using a DataPhysics
OCA 15EC goniometer. The surface energy of the M. hydro-
carbonoclasticus bacteria, 23 ± 1 mN m−1, was calculated from inbuilt
software using the method of Wu.40,41 Contact angle and surface
energy data are provided in Table S3.
Interfacial Tension. To determine the IFT as a function of

surfactant concentration, solutions of various surfactants (DOSS,
DCHSS, DBSS, CTAB, and Tween 20) were prepared in 5 g L−1

NaCl in Milli-Q water. Approximately 3 mL of surfactant solution was
taken into a cuvette. Dodecane was dispensed through a U-shaped
needle into a surfactant solution-filled cuvette, and a video (25 fps)
was captured of the drop shape using a DataPhysics OCA15EC
goniometer. At least three replicates were examined for each
concentration. The IFT was determined from the radius of curvature
of the drop using the Young−Laplace equation.42,43

Determination of the Critical Micelle Concentration Using
Fluorescence Method. Surfactant solutions at various concen-
trations were prepared in Milli-Q water with 5 g L−1 NaCl. Nile red
(excitation/emission maxima ∼552/636 nm, Sigma-Aldrich) was
added to each surfactant solution at a concentration of 0.1 mg mL−1

and each solution was vigorously vortexed for 5−10 min to solubilize
the dye with micelles present in the solution.44 The solution was
vortexed for 1 min every hour. After 3 h, 200 μL of each solution were
pipetted into a 96-well plate (Nunc MicroWell 96-Well Optical-
Bottom Plates with Polymer Base) and the fluorescence intensities
were measured using a SpectraMax Gemini EM Microplate
Spectrofluorometer. The intersection of the lines fit to the
fluorescence intensity at low and at high surfactant concentration
yielded the critical micelle concentration (cmc) value of the surfactant
in the presence of 5 g L−1 NaCl in water.
Imaging of Cells Near Dodecane−Water Interfaces. For

imaging experiments, cells were harvested at the late exponential
phase. For fluorescence imaging, 140 μL of the cell suspension were
mixed with 860 μL of saline solution (10 g L−1 NaCl) or 860 μL of
synthetic sea water (SSW; L−1, in distilled water: tris(hydroxymethyl

amino methane), 12.1; KCl, 0.75; CaCl2, 1.5; NH4Cl, 3.47; MgSO4·
7H2O, 6.16; MgCl2·6H2O, 5.08; NaCl, 11.7, pH 7.5 with 10 M HCl;
note that 2 and 4 mL of aqueous solutions of iron sulphate (0.1% w/
v) and sodium phosphate (10%, w/v), respectively, were added to
SSW immediately before use), both containing the fluorescent stain
SYTO9 (1 μL per 1 mL of cell suspension). These suspensions were
incubated at room temperature in the dark for 5−10 min. Dodecane/
water emulsion (200 μL) was added into a 1.5 mL Eppendorf tube
containing 200 μL of the stained cell suspension. Importantly, to
preserve the droplet size the resultant oil/water emulsion was not
strongly mixed. 6.5 μL of this suspension, which had a final NaCl
concentration of 5 g L−1, was injected into a glass microfluidic channel
and both ends of the channel were sealed with vacuum grease.
Experiments were run in the limit of very low concentration of
emulsion droplets (volume fraction ϕ = 0.003−0.01), so that the
bacteria were at excess.

Bacteria were imaged in 3-D over time as they attached to the oil/
water interface using a VT-Infinity (Visitech, Sunderland, UK)
confocal microscope. The confocal scanhead was mounted on an
inverted microscope (Leica Microsystems DM4000) equipped with a
40× oil-immersion lens (HCX PL APO, NA 1.25−0.75). An
excitation wavelength of 488 nm was used to excite the SYTO9
stain. To generate a 3-D image stack, we acquired sequential 2-D
images over 40, 60, 70, and 80 μm (spacing Δz = 0.31 μm) for oil
droplets of diameter 20, 40, 50, or 60 μm, respectively. 3-D stacks
were acquired at times t = 5, 15, 30, 60, 90, 120, 150, and 180 min
after the cell suspension was added to the emulsion and loaded into
the capillary. Each experiment was repeated with at least three
independent cultures.

To assess the long-time adhesion of bacteria to oil/water interfaces
as a function of the surfactant concentration, emulsions containing
dodecane droplets of diameter 20 or 50 μm were added into cell
suspensions and loaded into capillaries. The loaded capillaries were
incubated at room temperature in the dark for at least 90 min to reach
equilibrium (as determined from the time experiments), and z-stack
images were acquired for three different droplets in each sample. This
experiment was replicated three times at each surfactant concentration
for droplets of diameter 20 and 50 μm for DOSS (2, 6, 20, 60, and
180 ppm), DBSS (670 and 67 000 ppm), DCHSS (145 and 14 500
ppm), CTAB (1, 2, 5, 15, and 40 ppm), and Tween 20 (1, 2, 7, 22,
and 74 ppm). The centroid and orientation of each cell near the oil/
water interface were determined using a MATLAB algorithm based
on least-square fitting of backbone of cells in 3D.45,46 We counted
only those cells on the lower hemisphere of the drop to avoid any
noisy data associated with cells interacting with the top surface of the
microcapillary channel. We confirmed that bacteria in all experiments
except CTAB at 1.0 cmc remained viable by streaking postexperiment
cells onto agar plates and observing growth (Supporting Information).

■ RESULTS AND DISCUSSION

Monodisperse Emulsion Droplets Using Microflui-
dics. We generate monodisperse emulsions of dodecane in
deionized (DI) water using a co-flow capillary microfluidic
device (Figure 2a). The device is operated in the jetting
regime, in which a thin jet of liquid is formed at the inner
capillary tip and is eventually broken into droplets by the
Rayleigh−Plateau instability.47,48 The jet diameter and the
droplet diameter depend on the viscous drag of outer fluid,
which can be varied through the flow rate of the outer fluid.
We thus tune the diameter of dodecane droplets from 20 to
300 μm in water by varying the outer fluid flow rate from 3000
to 500 μL min−1 (Figure 2b). These droplet diameters are
typical of those measured in the presence of dispersants in the
Deepwater Horizon Spill in 2010.49

The droplet diameter Dd, normalized by the diameter of the
outer capillary (Dc) at the location of the tip of the inner
capillary tip, increases as a power law with the ratio of the inner
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and outer fluid flow rates (Qi/Qo) with slope ∼0.5 (Figure 2c).
The normalized drop diameter changes with the normalized
flow rate as predicted for the jetting regime34

η
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where x = Dd/Dc, Qi and Qo are the fluid flow rates of the inner
and outer fluids, and ηi and ηo are the viscosities of the inner
and outer fluids. This equation was derived in ref 34 by solving
the Navier−Stokes equations assuming no-slip boundary
conditions, a continuous shear stress at the interface, and an
interfacial pressure difference given by the Laplace equation.
The power-law behavior arises in our experiments because the
first term on the right-hand side of eq 1 is negligible and 1 − x2

≈ 1.
Time-Dependent Adsorption of Bacteria at Inter-

faces. Confocal imaging reveals that the adhesion of M.
hydrocarbonoclasticus bacteria to DOSS-stabilized dodecane
droplets (in solutions of final salt concentration 5 g L−1 NaCl)
depends on droplet size and time (Figure 3). Using tracking

algorithms, we quantify the number of bacteria on the interface
of dodecane droplets of diameter 20, 40, and 60 μm. For all
droplet sizes, the number of M. hydrocarbonoclasticus bacteria
adhered at a dodecane/water interface initially increases with
time and then saturates on longer time scales (Figure 4a). No
significant change in the number of adhered cells is observed
after 3 h. As a control experiment, we observe nearly no
adhesion of negatively-charged surfactant-stabilized polystyr-
ene (diameters 0.79 and 2 μm; zeta potentials −46 ± 2 and
−41 ± 2 mV) or poly(methylmethacrylate) (diameter 1.2 μm;
zeta potential −38 ± 1 mV) particles at similar number
concentrations and over similar time scales (Table S5).
Because M. hydrocarbonoclasticus bacteria are not motile

under these experimental conditions, the transport of cells to
the interface is driven by diffusion; on long time scales cells
become depleted near the oil/water interface, leading to a
plateau in adsorption.
This scenario suggests that the number of bacteria on the

dodecane/water interface at time t, N(t), can be modeled using
the Langmuir first-order kinetics model50−52

= − − τ
∞ ∞

−N t N N N( ) ( )e t
0

/
(2)

where N0 and N∞ are the number of cells that initially (at the
earliest time point, as soon as possible after bacteria are
inoculated into the oil/water emulsion) and finally (as t → ∞)
adhere, respectively, and τ is the characteristic time for the
interface to saturate. The time constants τ extracted from fits
to eq 2 increase linearly with the droplet diameter, indicating
that bacteria adhere more rapidly to smaller droplets (Figure
4b). This linear dependence on droplet diameter is consistent
with a kinetic model for the time required, in irreversible
Langmuir adsorption, to reach a fractional coverage within a

Figure 3. 2-D projections of 3-D confocal micrographs of bacteria
adhering at dodecane/water interfaces for droplets of diameter 20, 40,
and 60 μm at 5, 30, and 180 min after inoculation of bacteria into the
o/w emulsion. Scale bar is 20 μm. In all experiments DOSS (18 ppm
final concentration) is added to the aqueous phase to stabilize the
dodecane droplets in saline solution (final salt concentration 5 g L−1

NaCl).

Figure 4. Number of bacteria at the dodecane/water interface N(t) as
a function of time for droplets of diameter 20, 40, and 60 μm. (b)
Time constant of the first-order Langmuir kinetics model, extracted
from a fit to eq 2, for 20, 40, and 60 μm dodecane droplets. (c)
Number of cells per unit surface area ρs(t) as a function of time for
20, 40, and 60 μm dodecane droplets. In all experiments DOSS (18
ppm final concentration) is added to the aqueous phase to stabilize
the dodecane droplets in saline solution (final salt concentration 5 g
L−1 NaCl). Error bars represent standard deviation from three
independent cultures. Dashed lines in (a,c) represent fits to the first-
order Langmuir kinetics model (eq 2); the dotted line in (b)
represents a linear fit through the origin.
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factor h of the equilibrium value on a sphere,53

= − γ
+

t
RK h

D KCh
ln

(1 )
s

0
2 , where K is an affinity constant, R is the

radius of the droplet, D is diffusivity of cells, C0 is cell
concentration, and γs is the number of adsorption sites per unit
surface area. The applicability of this model requires that
bacteria are in excess, that the droplet is homogenous, and that
K and γs are constant across the different drop sizes, which are
reasonable assumptions for our experiments.
The good fit of the data to eq 2 confirms that the dynamics

of adhesion for nonmotile bacteria obey first-order Langmuir
kinetics. The value of N∞ increases with the droplet radius, as
expected because the droplet surface area also increases. We
therefore normalize by the droplet hemisphere surface area to
obtain the interfacial areal density of bacteria ρs(t) = N(t)/
2πR2. The areal density is greatest for the smallest 20 μm
droplets but is constant (within measurement error) for the
two larger droplets (Figure 4c). This result suggests that
decreasing the oil drop size may provide at least two
mechanisms to increase accessibility to bacteria: by increasing
the surface area per volume available for adhesion (Figure S1),
and by enhancing cell adhesion on smaller droplets.
We next examine the orientation of bacteria on the oil/water

interface, defined as the angle between the bacterial body and
the local surface normal. For all droplet sizes, the majority of
adherent cells are oriented at an angle >60° to the surface
normal (Figure 5) and align roughly parallel to the interface.
The parallel orientation of the cells provides one route to
minimize the energy cost due to IFT.54,55 A significant fraction
of cells, however, orient at lower angles with respect to the
surface normal. Although bacteria with relatively hydrophobic
surface regions can uniformly orient perpendicular to fluid/
fluid interfaces,56 the distribution of orientations suggests
contributions from additional factors.
The thermodynamic model of adhesion indicates that the

energy cost to place a smooth, homogeneous bacterium at an
oil/water interface is given by

σ θΔ = − −E A A( cos )ow ow bo c (3)

where σow, σbw, and σbo are respectively the oil/water, bacteria/
water, and bacteria/oil IFTs, Abo is the portion of the
bacterium immersed in the oil phase, Aow is the portion of
the interface removed by the adsorbed bacterium, and θc is the

water contact angle in oil of the adsorbed bacterium (Figure
6).57,58 Here, we assume that the only change that occurs upon

addition of surfactants is a decrease in the oil/water IFT (σow)
(a derivation of eq 3 is provided in the Supporting
Information). Chemically isotropic but geometrically aniso-
tropic colloidal particles, such as ellipsoids59,60 or cylinders,61

typically align along an interface and thereby maximize the oil/
water interfacial area displaced by the particles. The fact that
many bacteria do not orient parallel to the interface suggests
that the assumptions underlying the thermodynamic model do
not all hold. Indeed, particles with chemical and/or topo-
graphic62,63 surface heterogeneity can exhibit a broad
distribution of contact angles64 and adsorb in metastable
configurations.65−68 Although our results suggest that bacteria
preferentially adsorb in the thermodynamically-favored config-
uration, the broad distribution of orientations likely reflects
their surface heterogeneity.

Equilibrium Adhesion Isotherms. The adhesion dynam-
ics reported in Figure 4 follow first-order Langmuir kinetics,
with the extent of adhesion differing between the smallest and
the larger drops. We next examine the equilibrium adhesion of

Figure 5. (a−c) Representative 3-D renderings of the location and orientation of bacteria around dodecane droplets in saline solution (final salt
concentration 5 g L−1 NaCl) of diameter (a) 20, (b) 40, and (c) 60 μm. (d−f) Distribution of the orientation angle ψ at which bacteria adhere to
the interface for dodecane droplets of diameter (d) 20, (e) 40, and (f) 60 μm. ψ is defined by the angle between the cell backbone and the normal
on the droplet that passes through the cell centroid, as indicated in the inset to Figure 5d.

Figure 6. Schematic illustration of bacteria adsorbed (a) before
adhesion in water and (b) after adhesion for planar or tilted
orientations at an oil/water interface.
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M. hydrocarbonoclasticus bacteria on curved dodecane/water
interfaces. For a series of three commercially available anionic
sodium sulfosuccinates [DBSS (C-4), DCHSS (cyclo C-6) ,
and DOSS (C-8)], we quantify the number of cells adhered on
long time scales to surfactant-decorated dodecane/water
interfaces at low (C/cmc ≈ 0.01) and high (C/cmc ≈ 1)
surfactant concentrations, where cmc indicates the critical
micelle concentration determined through fluorimetry (Figure
S2). The areal density of bacteria on the dodecane/water
interface of a 20 μm droplet stabilized by each of the three
sulfosuccinates is the same within experimental error (Figure
7a).a

Next, we quantify the packing efficiency via the surface
excess Γ, defined as the number of moles of surfactant
molecules per unit interfacial area, and the surface area
occupied by a surfactant molecule.69−73 The surface excess is
calculated at the cmc from the dependence of the IFT on the
surfactant concentration (Figure 8) via

i
k
jjj

y
{
zzz

σΓ = − ∂
∂nRT C

1
ln T P, (4)

where σ is the IFT of dodecane/water, C is the surfactant
concentration, R is the gas constant, T is the temperature, and
n = 1 when electrolyte is present. We assume that the
surfactant activity coefficient is equal to one. The surface

coverage per surfactant molecule is then given by = ΓA
Na

1

A
.

The IFT σ initially decreases sharply with an increase in the
surfactant concentration, as more surfactant molecules adsorb
at the dodecane/water interface; above the cmc, the IFT
decreases slowly as the surfactant concentration is further
increased (Figure 8). For a similar normalized surfactant
concentration, σ for DCHSS is much higher than that of
DOSS. Furthermore, σ for DOSS falls to near-zero at its cmc
but remains finite up to (at least) c/cmc = 3 for DCHSS. The
surface area per DOSS molecule, 78 ± 2 Å2, is in good
agreement with literature values74 and is larger than that for
DCHSS, 54 ± 2 Å2 (Table 1). Because the areal density of

bacteria is identical for the three sodium sulfosuccinates,
despite distinct values of the IFT and the surface area per
molecule, we conclude that the electrostatic repulsion of the
negatively-charged bacteria from the negatively-charged
surfactants affects bacterial adhesion to these surfactant-
decorated dodecane/water interfaces. Moreover, this effect is
likely partly kinetic (i.e. through the double-layer force)
because adhesion cannot be predicted solely from the IFT (i.e.
thermodynamics).
We next compare results on bacterial adhesion from DOSS

to those obtained for two other common surfactants used in
bacterial studies,75 nonionic Tween 20 and cationic CTAB.
The areal density of bacteria on the oil/water interface
decreases for each surfactant as its concentration is increased
(Figure 7). This trend holds both for larger 50 μm droplets, for
which the final number of adhered bacteria scales with the
interfacial surface area, and for small 20 μm droplets, which
exhibit anomalously high adhesion. The areal densities (and
hence number) of bacteria adhered to drops stabilized by
CTAB and by Tween 20 are similar for a given droplet
diameter, and are larger than the number of bacteria adhered
to DOSS-decorated dodecane/water interfaces near cmc.

Figure 7. Areal density ρs of cells adhering at the dodecane/water
(closed) or dodecane/synthetic sea water (open) interface as a
function of normalized surfactant concentration C/cmc for drops of
diameter (a) 20 or (b) 50 μm. Error bars represent the standard
deviation calculated from three independent bacterial cultures.

Figure 8. IFT σ between dodecane and water containing 5 g L−1

sodium chloride in the presence of various surfactants.

Table 1. Surface Coverage per Molecule at cmc of Different
Surfactants

surfactant surface excess [10 −6 mol m−2]
surface area per molecule

[Å2]

DOSS 2.12 ± 0.05 78 ± 2
Tween 20 2.34 ± 0.09 71 ± 3
CTAB 2.74 ± 0.24 61 ± 5
DCHSS 3.26 ± 0.07 54 ± 2
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We again compare the IFT of surfactant-decorated
dodecane/water interfaces and the surface area per molecule
as a function of surfactant concentration. The high-
concentration values of σ are markedly different for CTAB
and Tween 20 compared to DOSS: σ for CTAB and Tween 20
remains nonzero even at surfactant concentrations of up to 180
ppm, whereas σ for DOSS decreases to near zero at its cmc
value. Indeed, the areal density of bacteria adhering at droplet
interfaces decreases concomitant with σ for all surfactants
(Figure 9). These results are consistent with earlier studies

reporting a decrease in adhesion of bacteria on solid surfaces as
the surface tension is decreased,24,76,77 such that the free
energy of adhesion becomes less negative.27,78 For 50 μm
droplets, the areal density of adhered bacteria nearly collapses
onto a universal curve with σ for DOSS, CTAB, and Tween 20;
for 20 μm droplets, however, the number of bacteria does not

cleanly collapse with σ. This result, like that in Figure 4, is
consistent with droplet-size-dependent adhesion of bacteria.
Finally, we compare the surface excess and surface area per

molecule for the different surfactants. DOSS has the highest
surface area per molecule of the four surfactants examined; the
surface area per molecule increases in the order DCHSS <
CTAB < Tween 20 < DOSS. The high surface area per
molecule of DOSS is because of its two branched linear chains,
which increases its emulsification efficiency.74,79 The efficiency
of coverage is further enhanced due to counterions in solution
that occupy the space between the head groups.79 At the cmc;
however, bacterial adhesion onto a 20 μm droplet increases in
the order DCHSS ≈ DOSS < CTAB ≈ Tween 20, indicating
that the surface area of the surfactant molecule does not
strongly affect bacterial adhesion.
Together, the results presented in Figures 7−9 suggest that

both IFT and electrostatic interactions affect the adhesion of
M. hydrocarbonoclasticus to dodecane/water interfaces in saline
solution. The areal density of bacteria on 50 μm droplets
increases with IFT across the range of surfactants tested
(Figure 9b). Pronounced differences between the areal
densities on smaller 20 μm droplets stabilized by various
surfactants; however, indicate that nonthermodynamic factors
also contribute to adhesion. To understand the origin of these
differences, we measured the zeta potential of surfactant-
stabilized emulsions (DOSS, CTAB, Tween 20) containing
droplets of 20 or 50 μm (Table 2). The magnitude of the zeta
potential was greater for the smaller 20 μm droplets than for
the 50 μm droplets, consistent with (albeit not proof positive)
of an enhanced role for electrostatic interactions in the
adhesion of bacteria to these droplets. Likewise, comparison of
adhesion on DCHSS- and CTAB-decorated 20 μm droplets
suggests contributions from electrostatics. The IFT of droplets
stabilized by 1 cmc DCHSS [14 500 ppm] and 1 cmc CTAB
[35 ppm] are similar, as are the surface areas per molecule
(Table 1), but significantly fewer (negatively-charged) bacteria
adhere to the anionic, DCHSS-stabilized dodecane/water
interface than to the cationic CTAB-stabilized dodecane/
water interface.

Adhesion in Synthetic Sea Water. The ionic strength of
the saline solution (86 mM) used in most of our experiments
of the experiments is lower than that of sea water (590 mM).
We thus also quantify adhesion of M. hydrocarbonoclasticus
suspended in synthetic sea water to DOSS-decorated dodecane
droplets (open symbols in Figures 7 and 9). The adhesion of
bacteria to dodecane/synthetic sea water interfaces follows
similar trends as those observed for adhesion to interfaces in
saline solution: adhesion decreased with increasing DOSS
concentration, approaching near-zero at the cmc. The slightly
lower adhesion in synthetic seawater at a given DOSS
concentration (Figure 7) is likely because of the additional
salts; the very low adhesion at the highest DOSS concentration

Figure 9. Areal density ρs of bacteria at the dodecane/water (closed)
or dodecane/synthetic sea water (open) interface as a function of the
IFT σ for droplet diameters of (a) 20 or (b) 50 μm. Error bars
represent the standard deviation from three independent bacteria
cultures.

Table 2. Zeta Potential of Uniform Emulsion Droplets of 20 and 50 μm in Milli-Q Water for Various Surfactants at Three
Concentrationsa

DOSS CTAB Tween 20

concentration [cmc] 20 μm 50 μm 20 μm 50 μm 20 μm 50 μm

0.01 −79 ± 2 −59 ± 5 70 ± 2 35 ± 4 −12 ± 1 −7 ± 1
0.1 −77 ± 3 −68 ± 3 77 ± 2 54 ± 7 −21 ± 1 −21 ± 1
1.0 −118 ± 2 −100 ± 4 95 ± 3 76 ± 3 −33 ± 1 −55 ± 1

aErrors are the standard deviation of 10 runs obtained from measurements on a single sample.
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(Figure 9) again reflects the effects of electrostatic repulsions
on adhesion.

■ CONCLUSIONS
We examined the effect of droplet size and surfactant type and
concentration on bacterial adhesion at dodecane/water
interfaces. Bacteria adhere in slightly greatly areal densities
on small droplets of diameter 20 μm, and reach equilibrium
coverage more slowly as the droplet size is increased. Bacteria
preferentially align parallel to the local oil/water interface, in
agreement with expectations from thermodynamics to max-
imize the displaced interfacial area, but the distribution of
angular orientations suggest that bacteria can become kineti-
cally trapped in nonequilibrium orientations. At equilibrium,
bacteria adhere more to droplets stabilized by lower
concentrations of surfactants. This result is consistent with
an increase in the free energy of adhesion because of the
decrease in the oil/water IFT (neglecting any changes in
bacteria/oil or bacteria/water IFTs). Comparison of adhesion
to droplets of various sizes decorated by different surfactants
suggests that electrostatics also play a role in determining the
number of adhered bacteria, especially for smaller 20 μm
droplets.
Overall, these results indicate that surfactants may have

contrasting effects on bacterial adhesion to dodecane/water
interfaces: for a constant volume of emulsified oil, increasing
the surfactant concentration increases the surface area available
for bacteria to adhere, but lowers bacterial adhesion energy
because of the decrease in IFT. Furthermore, the surface
density of adhered bacteria and its dependence on the IFT are
different for the smallest 20 μm droplets, consistent with an
additional role for electrostatics. These effects should be
considered for optimal (i.e. minimal) application of surfactants
or dispersants early in an oil spill scenario. On longer time
scales, however, oil-metabolizing bacteria may be able to grow
on the oil/water interface80 and further modify the IFT, further
complicating predictions of the extent of biodegradation by oil-
metabolizing bacteria. In addition, some strains of M.
hydrocarbonoclasticus are able to produce biosurfactants that
aid attachment to the oil/water interface.81 Finally, the
adhesion of nonmotile bacteria to a dodecane/water interface
under quiescent conditions studied here represents a
simplification of conditions encountered during marine
biodegradation: crude oil contains a mixture of aromatic and
nonaromatic hydrocarbons; other hydrocarbon-degrading
species involved in biodegradation are motile; and even gentle
flow alters the behavior of microorganisms.82 Both flow and
motility are likely to modify the interactions of bacteria as they
become confined near oil/water interfaces.83 Very recent
experiments suggest that bacterial attachment may be quite
different in clean environmental conditions (featuring
dissolved organic carbon) and in an oil spill scenario (featuring
only hydrocarbons as the carbon source).84 Future studies
examining the effects of growth, bacterial exudates, motility,
flow, and organic matter on interfacial adhesion are expected
to provide additional insight into the processes influencing
biodegradation.
The results reported here have broader implications for

technological processes in which bacteria interact with oil/
water interfaces. Microfluidically-produced droplets of water in
oil, as one example, are increasingly used as controlled
microscale reactors for pathogen detection, antibiotic suscept-
ibility, and biotechnological selection, among other emerging

applications.85 Likewise, interactions with hydrocarbon/water
interfaces are important for treatment of wastewater.86 The
methods applied here to hydrocarbon-degrading bacteria can
be used to optimize and tune the interactions of other bacteria
strains with interfaces in these technologically relevant settings.
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